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M
any nanoparticles consist of a re-
latively dense and hard inorganic
core surrounded by a soft shell

of comparatively low density. Monolayer-
protected clusters (MPCs) of gold are per-
haps the most widely studied example of
such materials with a vast range of current
and anticipated future applications.1�5 Key
parameters that characterize a preparation
of MPCs are their mean size and size dis-
tribution. Depending on the sizingmethods
used, this commonly refers to either the
core alone or the entire particle, while an
explicit distinction between the core and
the ligand shell is rarely made, even though
it would usually be of considerable interest.
One reason for this common lack of infor-
mation is that the thickness of the ligand
shell cannot be measured directly by trans-
mission electron microscopy (TEM) due to
the insufficient contrast of the low-density
material. Instead, it is only possible to infer
estimates from measurements of the dis-
tances between the cores in densely packed

assemblies of particles. Due to the unknown
degree of interpenetration of the ligand
shells of neighboring particles, this usually
yields uncertain information as to the real
thickness the ligand shell would occupy
when the particles are in suspension. Given
the important roles the ligands play, not
only as stabilizers but also to impart chemi-
cal functionality and other properties to the
particles, the availability of a routinely applic-
able robust method for ligand shell thick-
ness determination is highly desirable.
Differential centrifugal sedimentation (DCS)

and related techniques of analytical ultracen-
trifugation (AUC) are based on the ability to
separate particles of the samedensity bymass,
i.e., size.6 DCS in particular is rapidly gaining
popularity for routine particle sizing,7 as it is
fast, accurate, and relatively inexpensive, re-
solves multimodal size distributions, and uses
relatively small sample volumes. These techni-
ques have previously been used to measure
size distribution, sedimentation coefficients,
and hydrodynamic radii of nanoscale polymer
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ABSTRACT Differential centrifugal sedimentation (DCS) has been

applied to accurately size ligand-protected gold hydrosols in the 10 to

50 nm range. A simple protocol is presented to correct for particle

density variations due to the presence of the ligand shell, which is

formed here by either polyethylene glycol-substituted alkane thiols

(PEG-alkane thiols) of different chain length or oligopeptides. The

method gives reliable data for all particle sizes investigated and lends

itself to rapid routine sizing of nanoparticles. Unlike TEM, DCS is highly

sensitive to small changes in the thickness of the organic ligand shell

and can be applied to monitor shell thickness variations of as little as

0.1 nm on particles of a given core size.
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particles,8�10 functionalized quantum dots,11 and in-
organic nanoparticles including Pt and ZnO,12 FePt,13

TiO2,
14 Mn@ZnS,15 and modified gold nanoparticles

and nanocrystals.16�18 Particles with a size difference
of less than 1 Å can be resolved by these techniques.12

In addition to particle sizing, DCS has been used to
determine changes in surface structure, comparing
unconjugated particles to those conjugated with biomo-
lecules, and was recently applied in a study of binding
isotherms of nanoparticles.19 Similarly, Calabretta et al.
showed the attachment of DNA binding protein LacI to
gold nanocrystals by evaluating the changes in the
sedimentation properties of hybrid nanocrystals.18

Here we show that DCS can be used to measure the
ligand shell thickness, and we present data sets for a
range of gold core diameters and ligand shells con-
sisting of either PEGylated thiols of different lengths or
oligopeptides. Importantly, the thickness measurements
do not depend on independent TEM core size measure-
ments. For a constant core size distribution, this enables
us to resolve minute differences in ligand shell thickness,
smaller than the statistical error associated with routine
core size measurements by TEM.

RESULTS AND DISCUSSION

DCS Results. Citrate-stabilized aqueous gold nano-
particles of four different nominal core sizes, 10, 15, 20,
and 45 nm (GNP1�4), were prepared and analyzed by
DCS before and after modification with two different
types of commonly used organic ligands, i.e., pep-
tides20 and PEG thiols2,21 (Figure 1). Surface modifica-
tion with functional ligands was confirmed by UV�vis
spectroscopy, which showed small shifts of the surface
plasmon band due to the ligand attachment causing
changes in the refractive index of the medium sur-
rounding the metal core20 (Supporting Information,

Figure S1) and for some of the peptide-capped nano-
particles by Fourier transform infrared (FTIR) spectros-
copy (Figure 2). Example size distributions determined
by DCS are shown in Figure 3, and the raw results of all
DCSmeasurements, i.e., the apparent particle diameter
reported by the DCS software, dDCS, averaged over
three separate measurements, are reported in Table 1.
Figure S6 and Table S1 in the Supporting Information
present the individual results as well as the widths of
the size distributions, which were found to be in the
range 10�15% of the average particle diameter for all
samples. Thus, the samples used herewere highlymono-
disperse, and we therefore mostly refer to the average
particle diameter rather than the full distribution in our
discussion, although our analysis of the DCS data expli-
citly takes account of the width of the size distribution
(see Supporting Information). With the exception of
GNP4 with longer PEG ligands, for which clusters con-
sisting of two and three nanoparticles could be seen, no
significant aggregation was observed in our samples.

The raw data, i.e., the apparent particle diameters
obtained directly from the DCS analysis (maxima of
the distributions), change systematically with the
length of the ligand molecules, curiously suggesting
smaller particle diameters for longer ligand molecules.
This is due to an oversimplification implicit in the
algorithm by which the instrument attempts to calcu-
late the particle diameter, namely, the assumption
that the density of the nanoparticles is that of gold
(19.3 g/cm3). The longer the ligand molecules and the
smaller the core size of the particles, themore the actual
(average) density of the particles differs from this value,
given that the density of the ligand shell is much lower
than that of gold. This effect overcompensates for the
actual increase in particle diameter with increasing
ligand length and leads to the counterintuitive trend

Figure 1. Ligands for nanoparticle functionalization: hydroxy PEG-thiol ligands C5EG3 (PEG1), C5EG4 (PEG2), C8EG4 (PEG3),
C11EG4 (PEG4), C11EG6 (PEG5); peptides CALNN (P1), CALNNAAAAA[AAEAA]3 (P2), and CALNNAAEAA[AAEAA]3 (P3), with
their primary sequence given in the normal one-letter code; C: cysteine, A: alanine, L: leucine, N: asparagine, E: glutamic acid.
Also shown is a cartoon of the GNP1 (citrate-stabilized core), GNP1@P3, and GNP1@P2 particles, showing the relative size of
core and ligand shells.
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observed here.16 The reverse scenario has recently been
reported and resolved by Fielding et al., who studied
polymer spheres surrounded by a shell of silica particles
of significantly higher density than the core.22 In either
case, the results obtained directly from the instrument
yield neither the true particle diameter nor that of the
core, since they are based on the incorrect assumption
that the particles are of uniform known density. Ob-
viously, this shift of the apparent diameter relative to the
real one also depends on the densities and would
disappear in the extreme case of identical core and
ligand densities, when the raw DCS data would corre-
spond directly to the correct overall size. In the follow-
ing, we report how the as-obtained (apparent) particle
diameters can be used to obtain detailed information
about the true core size as well as the actual shell
thickness without the need for any prior assumptions
about the core gold nanoparticle size.

Theory of DCS Experiments on Core�Shell Nanoparticles.
Consider that each particle consists of a core of di-
ameter dcore that has the density Fcore and of a ligand
shell of thickness s that has the density Fshell, yielding a
total particle diameter dcore þ 2s. The average density
Feffective of this particle is given by

Feffective ¼ dcore
3Fcore þ ((dcoreþ2s)3 � dcore

3)Fshell
(dcoreþ2s)3

(1)

Based on Stokes' law, the measured sedimentation
time, t, is given by23

t ¼ C

(Feffective � Ffluid)(dcoreþ2s)2
(2)

Here, Ffluid is the (average) density of the sucrose
solution in which the experiment is carried out and
C is a constant that depends on solution viscosity,

Figure 3. Normalized number size distributions of citrate-
stabilized GNP2 and GNP2 with PEG-thiol (A) or peptide (B)
capping layer, analyzed by DCS (similar scenarios were
found for all cores; see Table 1 and Figure S6 and Table S1
in the Supporting Information), showing the shift to smaller
apparent size with increasing ligand size.

Figure 2. FTIR spectra in the amide I region. (A) Peptides in
aqueous solution: P1�P3 as defined in Figure 1, compared
with two helical peptides: AE (Ac-(AAEAA)4GY-NH2), with a
helical contentof0.58,38andAR4 (Ac-AAAAAA(AARAA)4-NH2),
which is expected to have an even higher helical content due
to the replacement of glutamic acid by arginine with a higher
helical propensity38 (the band at 1672 cm�1 in the spectra of
AE and AR4 originates from residual trifluoroacetic acid that
had not been removed from these samples). (B�D) Peptides
P1 toP3 in solutionand in thecapping layerofGNP1andGNP4
(P2 only). All spectra have been normalized to the same
maximum absorbance for better comparability.

TABLE 1. Particle and Shell Sizes of GNP1�4 CoreParticles

with Different Shells,a Showing the Apparent Particle

Diameters, dDCS,
b and the Results of the Analysis, i.e.,

the Core Diameter, dcore, and Shell Thickness, s;c Also

GivenAre the Values of dcore Averaged over All PEGylated

Gold Nanoparticles

citrate PEG1 PEG2 PEG3 PEG4 PEG5 ÆPEGæ P1 P2 P3

dDCS/nm
b GNP1 10.0 10.3 10.1 9.8 9.5 9.3 9.7 8.6 8.9
GNP2 12.7 12.7 12.5 12.4 12.1 12.0 12.3 11.1 11.5
GNP3 16.4 16.2 16.0 16.1 15.8 15.5 16.1 14.8 15.4
GNP4 41.5 41.3 41.1 41.1 40.7 40.8 41.1 39.6 40.2

dcore/nm
c GNP1 10.8 11.2 11.1 10.9 10.9 10.8 11.0 10.9 10.7 10.7
GNP2 13.5 13.6 13.5 13.5 13.6 13.6 13.6 13.5 13.3 13.4
GNP3 17.2 17.2 17.1 17.3 17.3 17.1 17.2 17.4 17.2 17.4
GNP4 42.4 42.3 42.2 42.4 42.4 42.6 42.4 42.5 42.5 42.5

s/nmc 1.00 1.15 1.30 1.45 2.00 2.15 1.60 3.55 2.80

a GNP1�4 were either citrate-stabilized or modified with PEG ligands [PEG1�5] or
peptides [P1�3]. b dDCS is the particle diameter reported by the DCS software
(maximum of the distribution), calculated assuming a homogeneous particle
density of 19.3 g/cm3, averaged over three separate DCS runs; results for individual
runs (apparent particle diameter and width of the distribution) are reported in Table S1
in the Supporting Information. c dcore is the core diameter and s is the shell thickness,
obtained from our analysis, as described in the text.
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centrifuge spin speed, and cell geometry; in practice, C
is determined using a calibration sample of known
particle diameter.

On the other hand, the DCS instrument reports the
diameter dDCS for a fictitious particle of homogeneous
density that has the same sedimentation time t. The
homogeneous density of this fictitious particle needs
to be supplied by the operator; here, the value of the
core material (Fcore = 19.3 g/cm3) was used as the best
a priori approximation. Thus,

(Feffective � Ffluid)(dcoreþ2s)2

¼ (Fcore � Ffluid)dDCS
2 (3)

It has to be noted that Feffective itself depends on
both dcore and s, eq 1, so that it is not possible to derive
the values of these parameters or that of the total
particle diameter (dcore þ 2s) from the experimental
result dDCS without independent knowledge of at least
one of them. Only if one of the values is determined
independently;or its value arbitrarily assumed;can
eq 3 be solved, either iteratively or using the known
roots for a cubic equation.

In previous applications of DCS or AUC to the
determination of nanoparticle sizes or size distribu-
tions, this problem was overcome by a variety of
methods, such as measuring the core size of semicon-
ductor quantum dots by UV�vis spectroscopy,11 the
determination of Feffective by pycnometry,15 the use of
solvents with different Ffluid,13 or the determination of
shell thickness andpacking density using SAXS.22 None
of these methods is easily and reliably applicable to
gold nanoparticles with∼10 nm diameter: the UV�vis
spectrum is not highly sensitive to size,24 the small
amount of sample precludes the use of pycnometry,
and the density of gold is much higher than that of any
solvent, which makes the DCS results insensitive to
solvent density. TEM has also been used to determine
the core size to permit AUC analysis16 and we will
comment below on the limitations associated with TEM
for this purpose. Only a more advanced application of
ultracentrifugation, 2D-AUC, allows the determination
of the sedimentation and diffusion coefficient of core�
shell nanoparticles, from which all parameters can be
determined.17

In principle, it should be possible to overcome this
underdetermination problem from our set of data by
assuming that the ligand shell thickness is indepen-
dent of the core size, which leaves only 13 indepen-
dent parameters;the core sizes dcore,i (i = 1�4) and
shell thicknesses sj (j = 1�9);whereas 36 experimen-
tal results are available. To investigate this idea, the
data were fitted in an iterative process, which is
described in Materials and Methods and in more detail
in the Supporting Information. We found that although
the resulting ligand shell thicknesses sj are strongly
correlated and show the expected trends, i.e., increasing

values for longer ligands, fits of similarly good quality
and consistency were possible for a wide range of
values, with corresponding variations of the core sizes
dcore,i (Supporting Information, Table S2). Thus, we had
to conclude that this approach is not sufficiently sensi-
tive for the analysis of our DCS data. In the following, we
will show howwewere able to overcome this limitation
by independently determining the thickness of the P1
(CALNN peptide) ligand shell. This allowed us to deter-
mine the core sizes dcore of the gold nanoparticles used
in our DCS experiments, and with these values we then
could determine the thickness of the other ligand shells.
However, it should be noted that the shell thickness
increments, i.e., the differences between the thickness of
different shells, are essentially the same for all of the
consistent fit results (Table S2). Thus, changes in the shell
thickness for different ligands can be measured accu-
rately ((0.1 nm) even without this independent deter-
mination of a particular ligand shell thickness.

Thickness of CALNN Ligand Shell. The packing density of
a capping layer of peptide P1 (CALNN) on gold nano-
particles, prepared following the procedure used here,
has been determined to be 2.4 peptides/nm2.25 The
minimum thickness of a compact layer of P1 can be
estimated from this packing density to be 1.5 nm, using
either the widely accepted density of polypeptides26 of
1.4 g/cm3 or the estimated volume of the CALNN
peptide.25 However, a larger thickness, i.e., a less
compact layer that may also contain significant
amounts of solvent or cosolute molecules, cannot be
ruled out a priori. On the other hand, the backbone of
a pentapeptide can have a length of at most 1.7 nm
(3.34 Å/residue),27 which requires it to adopt a fully
extended (straight) conformation. Thus, there is only a
narrow range of acceptable values for the thickness of
a P1 capping layer of such high packing density, and it
can be concluded that peptide P1 in such a capping
layermust have an almost straight backbone, although
when free in solution it is in random coil conformation.
Only this straight conformation, and concomitant loss
of peptide backbone flexibility, allows P1 to achieve
maximum packing density on the particle, limited only
by steric constraints.

We previously used FTIR spectroscopy in the amide
I band, which is highly sensitive to secondary
structure,28 to investigate the structure of peptide
ligands on gold nanoparticles and reported the P1
ligand to be mostly in random coil conformation.29

However, we also note that the packing density of P1
on gold nanoparticles shows significant variability
depending on the exact ligand exchange procedure
followed.20,25 The FTIR spectra in Figure 2 show that P1
indeed adopts a straight conformation in the nano-
particles investigated here, which is compatible with
having achievedmaximized packing density. The amide I
band of P1 shifts from 1651 cm�1 (with a shoulder at
∼1675 cm�1) when free in solution toward 1643 cm�1
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when attached to a gold nanoparticle. The former is
typical for the random coil conformation, whereas the
latter indicates that thepeptide has adopted thepolypro-
line II (PPII) conformation in theparticle capping layer,30,31

i.e., an almost straight conformation with an extension of
0.31 nm/residue32 or 1.6 nm overall for P1. We note that,
for P1, FTIR data were collected only on GNP1, i.e., the
nanoparticles with highest surface curvature for which
the largest degree of disorder could be expected, since
more volume is available for the peptide end than near
the nanoparticles surface. The fact that even for these
small nanoparticles a straight conformation is found
supports the assumption of a ligand shell thickness that
is independent of nanoparticles size. The same conclu-
sion can be drawn for the helical peptides, whose
structure is shown to be independent of particle size by
the FTIR results; see below.

Analysis of DCS Results. This independent determina-
tion of the P1 ligand shell thickness allows us to deter-
mine the core sizes dcore of the gold nanoparticles used in
our DCS experiments based on the results of the iterative
fittingprocedurementionedabove. TableS2B (Supporting
Information) shows that the measured apparent particle
diameters, dDCS, for P1-modified nanoparticles, as re-
ported by the DCS software, are compatible with a shell
ligand thickness of 1.6 nm for actual core sizes, dcore, of
10.9, 13.5, 17.4, and 42.5 nm for GNP1�4, respectively.

Moreover, these results also allow us to establish
the values of the thickness of the other ligand shells, sj,
from the results of the iterative fitting procedure, since
consistent results for the core sizes are obtained only
forwell-defined values of sj, once the value for one ligand
shell (and hence the core sizes) is known (Table S2). The
final results, i.e., the values of sj and dcore,i giving themost
consistent results for each ligand shell, basedonaP1 shell
thickness of 1.6 nm, are summarized in Table 1. It can be
seen that the core sizes varyonlyby(0.2nm,which is the
accuracy of our method for core size determination,
whereas the ligand shells can be determined with an
accuracy of better than (0.1 nm.

The core sizes thus determined can be compared to
values found using TEM of 12.1, 15.0, and 19.1 nm for
GNP1�3, respectively (Supporting Information, Figure S2),
whichare slightly larger than thoseobtainedbyDCS. It has
been noted previously that TEM as a method for deter-
mining the exact value of the ensemble average of
nanoparticle sizes suffers from a range of problems, such
as the small sampling size (limited to hundreds of
nanoparticles), potential self-selection of nanoparticles of
similar sizes into larger areas on the TEM grids, and the
difficulty of clearly identifying the particle edge.16,17,22 The
latter issue is demonstrated in more detail in Figure S3 in
theSupporting Information. Furthermore, unlikeDCS, TEM
does not give access to measuring the shell thickness of
organic capping ligands due to their low density and
hence insufficient contrast in TEM and requires drying of
the samples, thus modifying the sample condition, which

maypotentially change the ligandconformation fromthat
in solution. Finally, TEM requires significant experimental
effort and time. The widths of the nanoparticle size
distributions obtained by DCS and TEM, on the other
hand, are in good agreement, with full widths of only
10�15% for GNP1�3, confirming the monodispersity of
the nanoparticle samples used here.

A widely used alternative method for determining
the hydrodynamic diameter of nanoparticles is dynamic
light scattering (DLS).33 In the Supporting Information, we
present results comparing size distributions of selected
gold nanoparticles obtained by DCS with those obtained
by DLS. Figure S4 shows that for gold nanoparticles in the
10 nm size range DLS experiments have less resolution
and are significantly less reproducible than DCS experi-
ments. In particular, DLS reports widths of the size dis-
tributions that are significantly larger than those obtained
by DCS and verified by TEM (Supporting Information,
Figure S4H).33 We suggest that this is due to inherent
limitations in the analysis of themeasured DLS autocorre-
lation,which is dominatedby larger particles or even small
amounts of aggregates that are detected simultaneously
with the smaller nanoparticles. InDCS experiments, on the
other hand, particles of different sizes are physically
separated before detection, which makes it much easier
to overcome the problem of size-dependent scattering
and absorption. It should be noted, though, that within its
limited reproducibility and resolution,DLS yields values for
the total particle diameter (dcore þ 2s) that are in good
agreement with those obtained by DCS (Supporting
Information, Figure S4).

Some of the samples were also characterized by gel
electrophoresis (Supporting Information, Figure S5).
However, this technique is sensitive to the net charge
of the nanoparticles, and thus it is not applicable to
PEG-capped nanoparticles, which carry no net charge,
and it does not provide quantitative information for
the peptide-capped nanoparticles, whose charge state
is unknown. The results do, however, confirm the
relative size of the peptide-capped nanoparticles.

Several alternative methods have been used in the
past for the determination of nanoparticles sizes.
Similarly to DLS, fluorescence correlation spectroscopy
(FCS) determines the hydrodynamic radius of nano-
scale objects from the time scale of diffusion through a
small laser focus. This has been used to measure the
thickness of ligand layers on monodisperse inorganic
cores with high resolution (0.2�0.3 nm), similar to that
achieved here by DCS.34,35 However, that method
requires the addition of a fluorescence label if neither
the core nor the ligands are fluorescent, as is the case
for our samples. Moreover, like DLS, nanoparticles of
different sizes are not physically separated and thus
contribute in a complicated manner to the measured
autocorrelation function, so that determining the size
distributions of nonmonodisperse samples represents
a significant challenge and the method can be very
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sensitive to the presence of large aggregates.34 More
recently, single-particle inductively coupled plasma-
mass spectrometry (spICPMS) has been developed for
measuring the (core) size distribution of metal nano-
particles. Although this method has been shown to
give results in close agreement with DCS (and less so
with DLS results)36 and is very well suited for the
investigation of nanoparticles in complex environ-
ments at very low concentration, it is not able to detect
nanoparticles below 20�30 nm diameter and does not
give access to the ligand shell dimensions. Both of these
techniques, FCS and spICPMS, are more advanced and
time-consuming than DCS. They require specialist ex-
pertise and are not widely available, whereas DCS is a
rapid method that can be used for rapid routine char-
acterization even by a nonspecialist user.

Thickness of PEG Ligand Shells. The thickness of the PEG
ligand shells (PEG1�5) could be determined with high
accuracy (Table 1). It grows approximately linearly with
theoverall chain length (Table 1 andSupporting Informa-
tion, Figure S7), with the addition of three bonds increas-
ing the ligand shell thickness by approximately 0.2 nm,
independent of the chemical nature of the additional
bonds (all methylene or ethyleneglycol). This ligand shell
thickness is approximately 60% of the maximum value
expected for chains in all-trans conformation and or-
iented perpendicular to the nanoparticle surface.We also
havepreliminary evidence fromDCSdata that PEG ligand
shells on silver nanoparticles have the same thickness
(Supporting Information, Figure S10).

Self-assembledmonolayers (SAMs) of PEG5 on a flat
gold surface have been investigated previously using
FTIR and X-ray photoelectron spectroscopy.37 The
thickness of these SAMswas found to be 2.5 nm, which
is less than expected for the ideal structure of a PEG5
SAM on gold. The FTIR spectra confirmed that, unlike
SAMs of unfunctionalized alkanethiolates, SAMs of
PEG5 show a significant degree of disorder, with ob-
servable amounts of gauche conformations present in
the alkane chain and the PEG moiety not exclusively
adopting its preferential helical conformation.

Here, we find an even smaller value of 2.15 nm for
the thickness of the PEG5 ligand shell on gold nano-
particles. It is not surprising that a nanoparticle ligand
shell is evenmore disordered than a SAM on a flat gold
surface, considering that the limited size of the flat gold
facets and the significant overall curvature will reduce
the driving force for forming a commensurate ligand
overlayer as well as the spatial restrictions on the
ligand shell.

Thickness of Helical Peptide Ligand Shells. DCS results for
peptides P2 and P3 indicate a significantly different
shell thickness, of 3.55 and 2.8 nm, respectively, in spite
of their almost identical primary sequence and their
identical secondary structure in solution, which is evi-
denced by their identical amide I FTIR band (Figure 2A).
Comparison with results reported in the literature38

indicates a helicity of approximately 0.6 for these pep-
tides in solution; that is, 60%of thepeptidebackbone is in
R-helical conformation (Figure 2A). The effect of surface
curvature on peptide conformation is potentially of great
interest, and we have studied this via FTIR.29 Here, we
found that attaching peptides P2 and P3 to nanoparticles
does not greatly affect their amide I band (Figures 2C
andD), so it canbeconcluded that, unlikeP1, their average
secondary structures do not significantly change on bind-
ing, remaining ∼60% helical. The identical amide I band
observed for helical peptide P2 on nanoparticles with a
diameter of 11 nm (GNP1) and 42nm (GNP4), respectively
(Figure 2C),moreover shows that the conformation of this
peptide is independent of surface curvature.

The FTIR spectra of nanoparticles with a peptide
capping layer also allow an estimate of the packing
density from a comparison of the total amide I band
absorption with literature values (for details see Sup-
porting Information and Table S3). It has to be noted
that this determination of the packing density from the
amide absorption may to some extent be distorted by
the so-called surface selection rules (SSR).29,39 How-
ever, as discussed in detail in the Supporting Informa-
tion, SSR effects are not expected to lead to a major
distortion of the results; for P1 we predict a slight
underestimation of the packing density due to SSR
effects, whereas for P2 and P3 the values may be
overestimated (by a factor of less than 1.6). The validity
of this approach is confirmed by the results for the
packing density of 1.7 peptides/nm2 for P1 on nano-
particles of 11 nm diameter (GNP1), which compares
reasonably well with the value of 2.4 peptides/nm2

measured using amino acid analysis,25 especially when
taking into account the expected SSR effects.

For the helical peptides P2 and P3, on the other
hand, significantly lower packing densities of 0.58 and
0.44 peptides/nm2, respectively, were found on GNP1.
This lower packing density for helical peptides, which
keep their helical structure upon binding to the nano-
particle, is not surprising, since the more compact
R-helical backbone structure necessarily requires a larger
peptide footprint on the anchoring surface than an
extended PPII backbone. However, the packing densities
determined here are significantly lower than is theoreti-
cally possible for anR-helical structure, indicating that the
P2 and P3 capping layers are significantly less compact
than the P1 layer. An estimate of the thickness of a
compact layer of P2 or P3, similar to the one described
above for P1, based on the measured packing density
and a density of 1.4 g/cm3 (vide supra) yields values of
1.5 and 1.1 nm, respectively. These values are signifi-
cantly smaller than the capping layer thickness deter-
mined by DCS, indicating that a significant amount of
solvent molecules and counterions are incorporated
into the capping layer. Thus, whereas the short peptide
P1 can be packed quite closely around a nanoparticle,
the same is not possible for helical peptides, most likely
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due to steric and Coulombic interactions of the large
and negatively charged glutamic acid side chains. This
is further confirmed by a comparisonwith the reported
packing densities of approximately 1.5 peptides/nm2

for R-helical peptides with uncharged methyl side
chains on gold and ormosil nanoparticles.40

Moreover, the relative packing densities of the P2
and P3 capping layer are in quantitative agreement
with the DCS results for the shell thickness, indicating
that the smaller effective shell thickness of the P3 layer
is mostly due to less peptide binding and not due to
secondary effects such as different solvation or coun-
terion binding. Apparently, the additional (bulky and
charged) glutamic acid side chain of P3, which is close
to the peptide N-terminus and hence the nanoparticle
surface, further increases the average peptide�peptide
distance on the nanoparticle surface due to the addi-
tional steric and Coulombic interactions, compared to P2.
The different shell thickness of the P2 and P3 capping
layers indicates a different structural arrangement of the
peptide helices. It has to be noted that the average helix
length in these peptides is 2.3 nm, which fits well within
the measured shell thickness even for P3, especially
considering that there is no a priori reason why the helix
axis should be perpendicular to the nanoparticle surface.
Our DCS results suggest that the higher packing density
of P2 leads to a structural arrangement in which the
helices are forced to be, on average, more upright than
for the more loosely packed P3, thus leading to a larger
effective shell thickness. These observations are highly
relevant for the future development of directed design
criteria for peptide-capped nanoparticles.

CONCLUSIONS

We have demonstrated how DCS can be used to
determine the particle sizes of ligand-stabilized gold

hydrosols rapidly and with great precision. PEG- and
peptide-stabilized gold nanoparticles that differ in
total diameter by as little as 0.1 nm were readily
distinguished by this technique. We chose to use a
range of gold nanoparticles with different sizes in our
study and obtained consistent results for all of them.
However, it should be stressed that the availability of
different nanoparticle sizes is not required for applying
thismethod; in the simplest application, onenanoparticle
core with two different ligands could be investigated.
DCS can be used to detect particles with a wide

range of sizes (2 nm to 50 μm), made of any material
whose density is different from that of the solvent,
although the lower limit of observable particle sizes
increases when the particle and solvent density are
similar.11,13�15 Even nonspherical particles such as
nanorods can be investigated with this method,
although this requires an independent determination
of their shape or aspect ratio. For these reasons DCS
represents a valid alternative to TEM, in particular for
the rapid routine analysis of monodisperse water-
based colloids and, by extension, those with multi-
modal size distributions. An example of the analysis of
a multimodal size distribution (of silver nanoparticles
functionalized with PEG4) is given in the Supporting
Information (Figure S10). However, even for truly poly-
disperse samples, it will be possible to analyze rapidly
the effect of ligand exchange on the size distribution.
In particular, even in the absence of a suitable “calibra-
tion” ligand (such as peptide P1 used here), DCS is an
excellent method to monitor minor changes in the
thickness of homogeneous ligand shells, which cannot
normally be visualized by electron microscopy.19 Simi-
larly to AUC,18 DCS is also a good method for investi-
gating the binding of individual macromolecules to
nanoparticles (Supporting Information, Figure S9).19

MATERIALS AND METHODS
Gold Nanoparticles. Citrate-stabilized gold hydrosols of a nom-

inal diameter of 20 nm were obtained from BBI International.
Particles of 10/15 nm nominal diameter were prepared follow-
ing a modified Turkevich�Frens method.41,42 In brief, a boiling
solution of 79/30mg (200/76 μmol) of HAuCl4 trihydrate in 200/
300mL of Milli-Q water was mixed quickly with 20/9mL of a hot
(60�70 �C) 40/34 mM aqueous solution of trisodium citrate,
followedby reflux for 60/30min. Themixturewas then allowed to
cool to room temperature and was stirred overnight. The result-
ing dispersion of nanoparticles was filtered before use through a
0.45μmMillipore filter. Particles of 45 nmnominal diameter were
prepared using the 15 nm particles as seeds following the
method of Liu et al.43 In brief, 14 mg of HAuCl4 trihydrate was
dissolved in 125 mL of Milli-Q water and heated to boiling. Then
5 mL of 15 nm Au-citrate nanoparticle seeds was added, along
with 0.56 mL of 38.8 mM trisodium citrate, and the mixture was
boiled for 30min. To ensure the colloidal stability, 5mL of 38.8mM
trisodium citrate was added, and the mixture further boiled for
60 min before it was allowed to cool to room temperature and
stirred overnight. The resulting dispersion of nanoparticles was
filtered before use through a 0.45 μmMillipore filter. Particles were
characterized by UV�vis spectroscopy, TEM, and DCS.

Functionalization of Gold Nanoparticles. The particles were
surface modified with either oligopeptides (P1 = CALNN,
P2=CALNNAAAAA[AAEAA]3, P3=CALNNAAEAA[AAEAA]3, Peptide
Protein Research Ltd.) or mercaptopolyethylene glycol deriva-
tives of different lengths (PEG1�5: HS-(CH2)xEGy-OH; x = 5, 8, 11;
y = 3, 4, 6, as specified in Figure 1, Prochimia), used as ligands of
choice for their wide use in a number of different applications.
Peptides andPEG thiolswere used as received andwere attached
to gold nanoparticles following established procedures.2,20,25

In brief, peptides P1, P2, and P3 were dissolved in Milli-Q
water to give 1 mg/mL stock solutions. To 1 mL of the colloidal
dispersion of GNP2�4, 111.1 μL of the peptide stock solutions
was added and left overnight (colloidal dispersion of GNP1 was
diluted 1:1 v/v before adding the same amount of the peptide).
In total, 36 mL of each gold nanoparticle colloidal dispersion
was used in these reactions. The excess of unreacted peptide
was removed by repetitive cycles of centrifugation and redis-
persion in fresh Milli-Q water, reducing the final volume to
0.5 mL. For the FTIR analysis, peptide-stabilized gold nanopar-
ticle samples were dialyzed against Milli-Q water at pH 2.0
overnight (Spectrapor dialysis membranes with a 1000 kDa
cutoff), to remove excess trifluoroacetic acid (TFA) normally
present in the peptide solutions, then twice against Milli-Q
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water and finally against D2O. After dialysis, particle samples
were centrifuged and redispersed in D2O (0.2 mL) and
lyophilized.

For PEGylated particles, functional thiol-PEG ligands were
dissolved inmethanol to give 0.1M stock solutions. A calculated
amount of PEG ligands was added to 10mL of as-prepared gold
colloids in order to reach 20500/46100/82000/415200 func-
tional molecules per particle depending on the particle core
(GNP1/GNP2/GNP3/GNP4), and the mixture was shaken over-
night. Excess ligands were removed by three cycles of centrifu-
gation and subsequent redispersion in fresh Milli-Q water.

UV�Vis Spectroscopy. UV�vis spectra were recorded on a
spectrophotometer (Thermo Scientific Genesys 20-S), register-
ing the spectra in the 400�800 nm range using a quartz cuvette
with a path length of 1 cm.

Transmission Electron Microscopy. Samples for TEM imaging
were prepared by evaporating ca. 10 μL of the colloidal disper-
sion onto carbon-coated copper grids (Agar Scientific), 400
mesh. A JEOL JEM 2100FCs, with a Schottky Field Emitter
electron source, operating at 200 kV, with a CEOS GmbH
aberration corrector was used for TEM imaging in the bright
field mode. For particle mean diameter determination, images
were processed using Image-J 1.440 software.44

Dynamic Light Scattering. The nanoparticle hydrodynamic di-
ameter distribution was measured on a Malvern Nanosizer
(ZSeries) using a low-volume cuvette, averaging 11 runs at 25 �C.

Differential Centrifugal Sedimentation. Particle size distributions
were measured using a CPS disc centrifuge DC24000 (CPS
Instruments Inc.). A gradient fluid, 8�24 wt % sucrose solution
in Milli-Q water, was freshly prepared and filled successively in
nine steps into the disc, rotating at a speed of 24 000 rpm
(except for GNP4, where the rotating speed was set to
20 000 rpm in order to reduce potential errors due to the fast
sedimentation of heavy particles), starting with the solution of
highest density. Calibration was performed using poly(vinyl
chloride) particles (0.377 μm, Analytik Ltd.) as calibration stan-
dard before each measurement. All samples were sonicated
for 15 s before injection into the disc centrifuge, and each
sample was analyzed three times to verify data reproducibility
(Supporting Information, Figure S4). In the measured size range
of 0�100 nm, DCS measurements showed extremely mono-
disperse particle distributions (Figure 3).

Iterative Fitting of Raw DCS Data. Equation 3 gives the relation-
ship between the experimental result dDCS, i.e., the apparent
particle size reported by the software assuming a homoge-
neous density (here, that of gold, Fcore = 19.3 g/cm3), and
the real core size dcore and ligand shell thickness s; it has to be
noted that Feffective itself depends on both dcore and s, eq 1. The
(average) density of the sucrose solution, Ffluid, was 1.064 g/cm3.
The ligand shell density, Fshell, was varied between this value
and 1.5 g/cm3, close to the density of polypeptides26 of
1.4 g/cm3; see below.

For fitting the data, we assumed that the thickness of a
particular ligand shell does not change with the core size. Initially,
we attempted to optimize the 13 independent parameters;
the core sizes dcore,i (i = 1�4) and shell thicknesses
sj (j = 1�9);to yield simultaneous good agreement of the values
of dDCS, as calculated from eqs 1 and 3, with the experimental
results for all 36 samples by minimizing the sum of the squared
residuals of theoretical and experimental values (χ2). However, we
foundno clearminimumof χ2when varying theseparameters and
thushad to conclude that thedatadidnot allowthedetermination
of core sizes and shell thickness without additional information, as
described above.

For investigating this further, we employed an iterative
process, which is described in more detail in the Supporting
Information. Briefly, the process starts by assuming a value for
the citrate layer thickness, scitrate, which allows calculation of the
core sizes of GNP1�4 from the fictitious diameters, dDCS,
reported by the DCS instrument for citrate-stabilized particles,
using eqs 1 and 3. The thickness of the other ligand shells is then
varied, in each case again calculating the core sizes of GNP1�4
from the fictitious diameters, dDCS, until consistent results are
obtained for the core sizes of samples using different ligand
shells. This process was repeated for values of scitrate from 0 to

1.8 nm in steps of 0.2 nm. For each choice of scitrate, it was
possible to obtain an internally consistent set of core sizes
(Table S2), which is consistent with the observation that no clear
minimum of χ2 can be found in a least-squares residual fit.
However, we find that the differences in shell thicknesses are not
very sensitive to the value assumed for scitrate. As discussed
above, the value of the shell thickness of ligand P1 can be
determined independently to be 1.6 nm. This allows us to select
the iterative fit results obtained for scitrate = 1.0 nm as the
optimum set of results, and these results are reported in Table 1.

Variation of the ligand shell density, Fshell, between 1.064
and 1.5 g/cm3 did not significantly affect the fit results, as
reported previously;16 the resulting values for dcore and s varied
by less than 0.2 and 0.05 nm, respectively (Table S2). Table 1
shows results obtained with Fshell = 1.5 g/cm3.

FTIR Analysis. Fourier transform infrared spectra were re-
corded on a Bio-Rad FTS-40 FTIR spectrometer equipped with
a liquid-nitrogen-cooled HgCdTe detector, averaging 500 scans
with 1 cm�1 resolution, using an IR cell with CaF2 windows and
50 μm spacer. Samples were suspended in D2O to avoid the
strong absorbance band of H2O, which overlaps with the
peptide amide I band. Solvent exchange was achieved by
successive centrifugation, resuspension in D2O, and repeated
lyophilization fromD2O. The concentration of nanoparticles in these
samples was determined from the absorbance in the plasmon
resonance band near 520 nm to be 2.5�5 μM for GNP1 and
0.17 μM for GNP4, using the known extinction coefficients24 for
nanoparticles with diameters of 11 and 42 nm, respectively. For free
peptide samples, dialysis and lyophilization were used to remove
residual TFA and to exchange H2O against D2O. Typically, a con-
centration in the range 5�10mg/mLwasused for these samples. All
spectra were corrected to yield a flat spectrum in the region
2000�1800 cm�1 by subtracting an appropriately scaled spectrum
of D2O. Packing densities of the peptides on the nanoparticles were
determined from the amide I band area, whichwasmeasured using
band fitting as described in detail in the Supporting Information.
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